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ABSTRACT
Background: Enterochromaffin (EC) cells are specialised enteroendocrine cells lining
the gastrointestinal (GI) tract and the source of almost all serotonin (5hydroxytryptamine; 5-HT) in the body. Gut-derived 5-HT has a plethora of
physiological roles, including regulation of gastrointestinal motility, and has been
implicated as a driver of obesity and metabolic disease. This is due to 5-HT influencing
key metabolic processes, such as hepatic gluconeogenesis, adipose tissue lipolysis
and hindering thermogenic capacity. Increased circulating 5-HT occurs in humans with
obesity and type 2 diabetes. However, despite the known metabolic roles of gutderived 5-HT, the mechanisms underlying the cellular-level change in EC cells under
obesogenic conditions remains unknown.
Methods: We use a mouse model of diet-induced obesity (DIO) to identify the regional
changes that occur in primary EC cells from the duodenum and colon. Transcriptional
changes in the nutrient sensing profile of primary EC cells were assessed, and
responses to nutrient stimuli in culture were determined by 5-HT ELISA.
Key Results: We find that obesogenic conditions affect EC cells in a regiondependent manner. Duodenal EC cells from DIO mice have impaired sugar sensing
even in the presence of increased 5-HT content per cell, while colonic EC cell numbers
are significantly increased, but have unaltered nutrient sensing capacity.
Conclusions & Inferences: Our findings from this study add novel insights into the
mechanisms by which functional changes to EC cells occur at a cellular level, which
may contribute to the altered circulating 5-HT seen with obesity and metabolic disease,
and associated gastrointestinal disorders.
KEYWORDS: Enterochromaffin, serotonin, nutrients, obesity, gastrointestinal

INTRODUCTION
Enterochromaffin (EC) cells are a specialised type of enteroendocrine cell within the
mucosal lining of the gastrointestinal (GI) tract, which synthesise and secrete up to
95% of total body serotonin (5-hydroxytryptamine, 5-HT) (1). The synthesis of 5-HT is
limited by the enzyme tryptophan hydroxylase (TPH), with two isoforms, TPH1 and
TPH2, present in non-neuronal and neuronal 5-HT-producing cells, respectively (2, 3).
Gut-derived 5-HT has wide-ranging physiological roles in platelet aggregation (4), GI
motility (5), regulating bone density (6) and inflammation (7). Recently, 5-HT has been
revealed to be a key metabolic hormone (8-10), with several studies demonstrating a
role for 5-HT in regulating glucose homeostasis and metabolism via hepatic glucose
production, lipid mobilisation and perturbing thermogenic capacity (11-13). The activity
of gut-derived 5-HT in these metabolic processes therefore has direct implications of
metabolic disorders, such as obesity and type 2 diabetes (T2D), where glucose and
energy homeostasis are dysregulated. Indeed, circulating 5-HT and duodenal EC cell
numbers are increased in obese humans (14), with an increase in EC cell numbers
preceding the onset of obesity in mice fed a high fat diet (15). The absence of 5-HT,
through knock-down of TPH1, or pharmacological inhibition of peripheral TPH also
protects mice from developing metabolic disease following a high fat diet (11, 13). As
such, elevated gut-derived 5-HT is considered to be an important potential driver of
obesity and metabolic disease; however, the mechanism underlying the shift in EC
cells with obesity and metabolic disease is poorly understood.
EC cells act as important luminal sensors within the gut and have the capacity to
acutely sense a number of nutrient stimuli (16) and secrete 5-HT in response to luminal
sugars (17). In humans, the sensing of luminal glucose is disordered with obesity (18);
however, the cellular changes underlying this are unknown. More recently we
demonstrated that effects of the gut microbial metabolites on gut-derived 5-HT (19)

are a key driver of the microbiome effects on host glucose homeostasis (20). In this
study, we aimed to assess the changes to duodenal and colonic primary EC cells, at
a cellular level, that occur in a mouse model of diet-induced obesity. Specifically, we
aimed to determine whether diet-induced obesity affects expression of duodenal and
colonic nutrient sensitive receptors and transporters that have been previously
identified in primary mouse EC cells (16), whether this translates to altered acute
nutrient-induced 5-HT release, and whether EC cell numbers or cellular 5-HT content
are altered at either site in response to such dietary changes.
METHODS
Diet-induced obesity mouse model
Animal studies were performed in accordance with the guidelines of the Animal Ethics
Committee of Flinders University (Ethics number: 900/15). Male 8-week-old 186SVBl6 mice were individually housed on a 12-hr light-dark cycle at the College of
Medicine and Public Health Animal Facility and randomly assigned to control or
experimental groups. At 10 weeks of age, mice were fed with either low fat (LFD, 4%
g/kg) or high fat (HFD, 35% g/kg) diet (Supplementary Table 1, Gordon’s Speciality
Stock Feeds, Yanderra, NSW, Australia) ad libitum for a period of 8 weeks, with food
consumption and mouse weight measured weekly. Mice had access to water ad
libitum. Mice were considered obese if their weight was greater than three standard
deviations of the LFD control group (21).

Metabolic tests
Fasting glucose measurements
Mice were fasted by housing in cages without bedding or food for a period of 2 hrs.
This was followed by blood collection via tail vein bleed with blood glucose measured
using an ACCU-CHEK® Performa glucometer (Roche Diagnostics, Australia)
Glucose tolerance test
Mice were fasted for a period of 4 hrs, followed by blood collection via tail vein bleed
for baseline blood glucose. Glucose solution was injected intraperitoneally at a
concentration of 2 g/kg body weight, and blood glucose levels determined by
measuring blood collected via tail bleed at 15, 30, 60, 90, 120, 150, 180 and 240 mins
post-injection using an ACCU-CHEK® Performa glucometer (Roche Diagnostics,
Australia).
Insulin tolerance test
Mice were fasted for a period of 2 hrs, followed by blood collection via tail vein bleed
for baseline blood glucose. Insulin (Novo Nordisk, Australia) was injected
intraperitoneally at a concentration of 1 unit/kg body weight, and blood glucose levels
measured via tail vein bleed from 0-180 mins post-injection at 15-min intervals, using
an ACCU-CHEK® Performa glucometer (Roche Diagnostics, Australia).

Blood collection and plasma 5-HT analysis
Mice were euthanised at 18 weeks of age by isoflurane overdose followed by cervical
dislocation. Blood was collected via immediate post-mortem cardiac puncture into
EDTA coated blood collection vials (Microvette®, Sarstedt Australia) as per
manufacturer’s instructions. Plasma was immediately separated by centrifugation at
room temperature at 2000 rpm for 30 mins, the top plasma fraction was collected and

analysed for 5-HT content by 5-HT ELISA (BAE-5900, LDN, Germany), as per
manufacturer’s instructions.

Primary mouse EC cell isolation
Mice were humanely killed by isoflurane overdose and cervical dislocation. Duodenum
and colon were immediately removed and EC cells isolated and purified according to
our previously published methods (14, 16-18, 22). In brief, the mucosal layer was
removed in 4°C Krebs buffer (in mM; NaCl 140, KCl 5, CaCl2 2, MgCl2 1, HEPES 10,
D-glucose 5, pH 7.4), minced, and digested in a combination of 1 part collagenase A
(3 mg.mL-1, Roche Diagnostics GmbH, Mannheim, Germany) and 2 parts 0.05%
trypsin-EDTA (Sigma-Aldrich, St. Louis, MO, USA) at 37°C for 30–40 min with
constant agitation. Tissue digestion was inactivated by addition of equal volumes of
DMEM culture media (Gibco, Grand Island, NY, USA) containing 10% FBS, 1% Lglutamine, and 1% penicillin– streptomycin, and the digestion mixture was filtered
through a 40-µm cell strainer (Grainer Bio-One, Monroe, NC, USA) and centrifuged at
600-rcf. The supernatant was removed and the resulting pellet resuspended in 1 mL
of culture media, which was then layered on top of a Percoll (Sigma-Aldrich) density
gradient formed according to the manufacturer’s instructions. Following centrifugation
at 1100-rcf for 8 min and slow braking, EC cells were harvested at a Percoll density of
1.059–1.07 g.L-1. Cell viability was assessed via Trypan blue exclusion assay.

Quantitative real-time PCR
Quantitative real-time PCR was used to determine expression of nutrient sensing
transporters and receptors identified in duodenal and colonic EC cells according to our
previous methods (16). In brief, RNA was extracted from EC cells using the RNeasy

Mini Kit with on-column DNase treatment (Qiagen, Australia) according to
manufacturer’s instructions. RNA purity and concentration were determined using a
NanoDrop 2000 (Thermo Fisher Scientific), and reverse transcription PCR performed
for cDNA synthesis as per manufacturer’s instructions (Qiagen, Australia). Real-time
PCR was carried out for gene transcripts (16) using a QIAGEN Quantitect SYBR®
Green PCR kit (Qiagen, Australia) and RotorGene 3000 thermocycler (Corbett Life
Science, Sydney, Australia). Sample expression was normalised to that of β-actin,
based on the comparable expression of this protein along different segments of the
gastrointestinal tract (23). Target gene expression was determined relative to
endogenous controls using Q-Gene analysis software as previously described (24).

Immunocytochemistry for EC cell numbers
Proximal mouse duodenum and colon were removed, dissected open and contents
rinsed off. The tissue was then fixed as a flat sheet in 4% Paraformaldehyde for 4
hours at 4°C, followed by dehydration in 30% sucrose/PBS-Azide. The tissue was then
encased in Cryomold® and covered with OCT®. Tissue sections were cut at 10 µm,
with 100 µm between sections. Sections were then immunolabelled for 5-HT, using
goat anti-5-HT (ImmunoStar, 1:1500) and Cy-5 labelled donkey anti-goat IgG
secondary antibody (Jackson Immunoresearch, West Grove, PA, USA, 1:400).
Images were captured using an Olympus BX-50 Fluorescence microscope, with an
average of 5 images captured per section, over 10 sections per animal. Regions of
interest were selected at random based under bright-field view. EC cell numbers were
quantified by setting a fluorescence threshold using ImageJ software (Bethesda, MD,
USA), to enable binary distinction of EC cells. Total cell numbers were normalised to
mucosal tissue area. Representative micrographs were generated by co-staining with

goat anti-5-HT and DAPI (Sigma-Aldrich, 1:5000) and imaged using a Zeiss LSM 880
Confocal Microscope. To distinguish EC cells from mast cells, which also contain 5HT, whole segments were stained with Toluidine Blue (Hopkins and Williams). Mast
cells were stained purple and imaged using an Olympus BX53 bright-field microscopy.

Cellular 5-HT measurements
EC cell 5-HT secretion in response to selected nutrients was determined as previously
described (17). Briefly, isolated EC cells were suspended in pre-warmed Krebs
solution containing 5-HT stabiliser buffer (LDN, Germany) and 1 μM fluoxetine, to
block potential 5-HT reuptake via SERT, and added to a 96-well plate at a density of
1.5 to 2×104 cells in 120 µl per well. Cells were incubated to adhere and equilibrate for
30 min at 37°C, 5% CO2. From each well, half the volume was collected (representing
baseline secretion) and replaced with an equal volume of stimulation solution at two
times concentration to achieve the desired assay concentration. Following 20 minute
incubation with the respective stimuli, 40 µl of solution was collected from each well,
and 5-HT concentration determined by 5-HT ELISA (BA E-5900, LDN, Germany),
according to manufacturer’s instructions. Data are shown as a change in 5-HT
secretion from baseline, and normalised to cell number. Cellular 5-HT content was
assayed in lysed cell supernatant as previously described (14) and normalised to cell
number.

Statistical analysis
Analyses of data was performed using two-tailed Student’s t tests for single
comparisons, or a One-way ANOVA with post-hoc test for multiple comparisons, using
GraphPad PRISM 5.04 software. n indicates the number of independent cultures from

different mice used. In all cases, significant differences are indicated as * p < 0.05, **
p < 0.01, *** p < 0.001, **** p < 0.0001. Data for comparisons are presented as mean
± standard error (SEM), and correlations performed using a Pearson correlation
analysis and presented as line of best fit ± 95% confidence interval.

RESULTS
HFD induces obesity and metabolic disease and increases plasma 5-HT
Having previously determined the regional nutrient sensing profile of duodenal and
colonic EC cells (16, 17), we aimed to identify whether changes to EC cell nutrient
sensing occur under obesogenic conditions. HFD-fed mice were obese (42.6 ± 1.9 g)
and weighed considerably more than LFD-fed controls (30.0 ± 0.6 g) after 8 weeks
(Figure 1A, p < 0.001 vs LFD). While total caloric intake was similar for both diet groups
(Figure 1B), total caloric intake from fat over the 8-week period was greater in HFDfed (487.8 ± 26.6 kcal) compared to LFD-fed (86.7 ± 2.5 kcal, p < 0.001) mice, while
calories from carbohydrates was greater in LFD-fed mice (607 ± 17.2 kcal) compared
to those fed a HFD (162.6 ± 8.9 kcal, p < 0.001). This indicates that the increased
body weight is not due to increased total caloric consumption or altered feeding and
satiety signalling, rather, a greater efficiency of the HFD to increase weight gain for
every calorie consumed.
Diet-induced obese (DIO) mice exhibited glucose intolerance following an
intraperitoneal glucose challenge (Figure 1C, AUC: 4159 ± 140) compared lean
controls (AUC: 3068 ± 51, p < 0.001 vs LFD) and were also insulin resistant (Figure
1D, AUC: 1220 ± 81) compared to lean controls (AUC: 966 ± 68, p < 0.05 vs LFD). As
such, DIO mice exhibited the two major hallmarks of metabolic disease progression.

Fasting blood glucose (Figure 2A) was also increased in DIO mice (12.7 ± 0.6 mmol/L)
compared to controls (9.6 ± 0.5 mmol/L, p < 0.01) and positively correlated with body
weight (Figure 2B), which along with insulin resistance and glucose intolerance, is a
hallmark of T2D and metabolic disease. Consistent with findings in humans with T2D
(14), plasma 5-HT (Figure 2C) was higher in DIO mice (130.8 ± 31.1 ng/mL) compared
to controls (40.5 ± 16.1 ng/mL, p < 0.05), and also positively correlated with fasting
blood glucose (Figure 2D).

High fat diet consumption alters EC-cell nutrient sensing profile in a regiondependent manner
Having established a mouse model of diet-induced obesity and T2D, isolated
primary duodenal and colonic EC cells were then used to determine whether specific
changes to EC cell function occur at a cellular level, which may underlie the increase
in circulating 5-HT with obesity. Analysis of previously identified nutrient sensing
receptors and transporters shown to be enriched in duodenal and colonic EC cells
(16), revealed fructose transporter, Glut5, and sweet taste receptor, Tas1r3, gene
expression in duodenal EC cells from DIO mice were both reduced to 0.3 ± 0.1-fold
(p < 0.05) of lean controls (Figure 3A). The SCFA-sensing receptor, Ffar3 was also
decreased (0.5 ± 0.1-fold of controls, p < 0.05) in duodenal EC cells from DIO mice.
This effect of HFD appears to be specific to these transcripts, as expression levels
of sugar-sensing Sglt1, Glut1, Glut2 and SCFA-sensing Ffar2 in duodenal EC cell
were unchanged. We could not detect transcript for the medium and long-chain fatty
acid receptors, Ffar1 and Ffar4 in duodenal EC cells, and Ffar1 in colonic EC cells,
from either lean or DIO mice. In accordance with findings in humans (14), duodenal
EC cell 5-HT content was increased in DIO mice (Figure 3B).

The transcriptional changes in duodenal EC cells from DIO mice correspond to altered
nutrient sensing, with diminished sugar-induced 5-HT secretion following 500mM
glucose, 300-500mM fructose and 300mM sucrose exposure, compared to that seen
in EC cells form lean controls (Figure 3C). This perturbed response is specific to these
sugars, as the non-metabolised sugar, α-methyl glucoside (α-MG), elicited the same
5-HT secretion response from DIO and lean mouse duodenal EC cells.
The majority of transcripts analysed in colonic EC cells were unaltered in DIO mice
(Figure 3D), with the only change being a 2.2 ± 0.1-fold increase in Glut5 (p < 0.001).
Colon EC cell 5-HT content was unaffected in DIO mice (Figure 3E). Changes in Glut5
did not correspond to augmented 5-HT secretion following 100-300 mM fructose
stimulation (Figure 3F). Similarly, 5-HT secretion following acute exposure to 300 mM
glucose and 100-300 mM α-MG did not differ between colonic EC cells from lean and
DIO mice.

High fat diet consumption increases colonic, but not duodenal EC cell numbers
To determine what impact DIO has on EC cell density, we examined EC cell density
in proximal duodenum and colon segments. Distinguishing mast cells, which also
contain 5-HT in rodents, from EC cells by labelling with Toluidine blue revealed the
extremely rare occurrence of mast cells (Supplementary Fig. 1), which is unsurprising
given the rarity and absence of mast cells across whole tissue segments seen by
others (25, 26). As such, our quantification of 5-HT-positive EC cells was not
confounded by the presence of mucosal mast cells. Duodenal EC cell density (Figure
4A) did not differ between DIO mice (92 ± 5 cells/mm2) and lean controls (112 ± 10
cells/mm2). Colonic EC cell density (Figure 4B), however, was substantially greater in
DOI mice (219 ± 17 cells/mm2) compared to lean controls (134 ± 18 cells/mm2).

Since DIO differentially affects duodenal and colonic EC cell density, we then aimed
to determine whether duodenal or colonic EC cell density is associated with fasting
blood glucose and plasma 5-HT levels. Duodenal EC cell density was not correlated
with either fasting blood glucose (Figure 4C) or plasma 5-HT levels (Figure 4D), while
a strong positive association existed between colonic EC cell density and both fasting
blood glucose (Figure 4E, R2 = 0.72, p < 0.01) and plasma 5-HT levels (Figure 4F, R2
= 0.85, p < 0.001). As such, increased colonic EC cell density may be a key contributor
to increased plasma 5-HT and fasting blood glucose in DIO.

DISCUSSION
Having previously established the nutrient sensing capacity of mouse duodenal and
colonic EC cells under healthy, lean conditions (16, 17), this study investigated how
the nutrient sensing capacity of these cells changes under high-fat diet-induced
obesity and metabolic disease. This is the first investigation to identify regional-specific
changes in the capacity of EC cells to detect nutrients in vitro and EC cell density in a
mouse model of obesity and metabolic disease, and contributes to understanding how
altered EC cell signalling may respond to, or even drive the progression of obesity and
metabolic disease.
The mouse model of diet-induced obesity established in this study exhibited hallmarks
of T2D, including impaired glucose tolerance and insulin sensitivity, with increased
fasting blood glucose levels. In accordance with findings in humans (14, 27), DIO mice
exhibited increased circulating 5-HT which was positively correlated with fasting blood
glucose. This is consistent with the established role of gut-derived 5-HT in increasing
blood glucose levels, particularly under fasting conditions, through enhanced hepatic
gluconeogenesis and adipose tissue lipolysis (11). Increased circulating 5-HT is also

observed in DIO rats, alongside a decrease in epithelial cell SERT expression (28).
Decreased 5-HT reuptake, due to a decrease in SERT expression, could also underlie
some of the increased circulating 5-HT seen in DIO mice, however SERT expression
levels were not investigated in this study. It is also unknown if the increased circulating
5-HT observed in DIO mice in this study are driven directly by the change in diet and
precede the increased adiposity. Other mouse models have demonstrated an increase
in duodenal EC cell numbers at the onset of obesity, resulting from increased gastric
leptin secretion (15). Circulating leptin levels in DIO mice were not investigated in this
study, although no change in duodenal EC cell density was observed. Rather, there
was an increase in duodenal EC cell content, which may arise from increased 5-HT
content as seen in the small intestine of DIO rats (28) and obese humans (14). In
addition, recent findings in zebrafish show that brief exposure to high fat feeding
causes a loss of nutrient responses in enteroendocrine cells (29), indicating that even
short-term exposure to fats in the absence of obesity may blunt the nutrient responses
seen in duodenal EC cells from DIO mice.
The function of glucagon-like peptide 1 (GLP-1)-producing L-cells also appears to be
impaired at a cellular level in mice fed a high-fat, high sugar diet (30), implicating that
the diet-induced changes we observe may not be limited to EC cells. It is possible that
changes induced by DIO to other gut hormones such as GLP-1 could impact
circulating 5-HT levels in vivo, as L-cells also have the capacity to sense luminal
nutrients and can drive 5-HT release via GLP-1 receptors on EC cells (31). It is also
worth considering that our cell cultures, while highly enriched for EC cells, may also
contain other EEC types. Our own observations indicate extremely rare GLP-1 staining
in these cultures (unpublished observation) that would indicate little effect of L cells
using this approach. Nonetheless, there is some possibility that our secretion and gene
expression data could be affected by other EECs present. It is not known if HFD-

induced weight gain also results from reduced physical activity and, therefore,
changes in energy expenditure, altered basal metabolic rate and thermogenic
capacity, as others have previously demonstrated in DIO mouse models (35, 36). Gutderived 5-HT plays a key role in inhibiting BAT thermogenic capacity and the browning
of WAT, as evidenced by genetic of pharmacological inhibition of gut-derived 5-HT
(11). Whether this pathway also contributes to the altered metabolism observed in DIO
mice within this study is unknown.
The primary aim of this study was to test whether EC cell nutrient sensing capabilities
change in a dynamic and region-specific manner under obesogenic conditions.
Indeed, HFD-feeding perturbs nutrient sensing in a region-dependent manner,
impacting duodenal but not colonic EC cells. Specifically, the capacity for fructose
transport, and sweet tastant and SCFA sensing by duodenal EC cells appears to be
downregulated in DOI mice, which corresponds to functional reductions in the
sensitivity of duodenal EC cells to sugars, particularly glucose, fructose and sucrose.
The reduction in Glut5 expression in duodenal EC cells from HFD-fed mice is in line
with downregulated Glut5 expression in whole-tissue segments of jejunum from
morbidly obese humans (37, 38) and from the small intestine of streptozotocin-induced
diabetic rats (39). In obese human duodenal biopsies, expression of functional sweet
taste receptors, comprising of T1R2 and T2R3, are also negatively correlated with
fasting blood glucose levels (40). Functional implications of reduced sugar sensing by
duodenal EC cells are broad, and may have acute influences within the GI tract. The
impact of DIO on EC cell nutrient sensing also appears to be specific to sugars, as no
differences were found in receptors for medium and long-chain fatty acid sensing in
either duodenal or colonic EC cells. Changes to EC cell nutrient sensing in the small
intestine may potentially alter 5-HT-signalling to enteric neurons, thereby modulating
GI motility (5). Findings alluding to this have been demonstrated in a rat model of type

2 diabetes, in which activation of EC cells following intraduodenal glucose infusion
was impaired, along with reduced activation of neurons in the submucosal plexus (41).
In addition, net fluid/electrolyte flux across the mucosa may be altered (42), resulting
in symptoms of GI dysfunction such as delayed gastric emptying, nausea and
vomiting, constipation and diarrhoea; all of which are associated with altered 5-HT
signalling (43-45). Such symptoms are often reported by patients with diabetes, and
are associated with poor glycaemic control and diabetic complications (46).
The chronic effect of HFD-feeding on EC cell density is also region-dependent, with
increased EC cell density specific to the colon. This appears to be species-dependent,
however, as our previous findings in obese humans show an increase in duodenal EC
cell density (14). The strong correlation between EC cell density and both plasma
5-HT and fasting blood glucose highlights a plausible mechanism by which EC cellderived 5-HT may drive metabolic disease progression. What drives this regiondependent increase in EC cell density in this study is unknown and warrants further
investigation. However, diet-driven changes to the gut microbiome (47), which convey
a metabolic phenotype as observed through the transfer of microbiota from lean and
obese individuals to germ-free mice lacking a native microbiome (48), may be a driver
of specific diet-induced changes to colonic EC cell proliferation. It is also possible that
the increased colonic EC cell density observed may be a result of a decrease in EC
cell turnover rate. The precise microbial changes following high fat diet consumption
in mice from this study have not been investigated. Although, work by others has
clearly demonstrated that the presence of the gut microbiome increases EC cell
density (19, 49).
The present work demonstrates a novel finding of region-dependent changes in EC
cell nutrient sensing in diet-induced obese mice, which may underlie the augmented
EC cell 5-HT release seen in obese humans. Specifically, duodenal EC cells from

obese mice have reduced sensitivity to luminal sugars, likely due to reduced sweettaste receptor and fructose transporter expression. In addition, increased EC cell
density in the colon likely underlies the increased circulating 5-HT seen in obese mice.
As such, this study has provided novel insight into cellular changes in EC cells that
occur with diet-induced obesity, that may drive, or contribute to the further
development of, metabolic disease.
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Figure 1 – High fat diet induces a glucose intolerant and insulin resistant
phenotype. (A) Total weight of mice fed a low fat diet (LFD, 4 gm%) and high fat diet
(HFD 35 gm%) for 8 weeks. (B) Comparative breakdown of total caloric intake from
fat, protein and carbohydrates (Carb) over 8 weeks. (C) Blood glucose over time and
area under the curve (AUC) following an intraperitoneal (IP) glucose tolerance test
and (D) IP insulin tolerance test in LFD-fed and HFD-fed mice after 8 weeks. All data
are shown as mean ± SEM (n = 4-8 mice, *p < 0.05, **p < 0.01, ***p < 0.001)

Figure 2 – HFD-driven increases in fasting blood glucose and plasma 5-HT. (A) Endpoint blood glucose levels following a 2-hour fast and (B) fasting blood glucose of LFDfed and HFD-fed mice versus total body weight after 8 weeks. (C) Circulating plasma
5-HT following 8 weeks of diet consumption. (D) Plasma 5-HT from LFD-fed (grey)
and HFD-fed (green) mice versus their fasting blood glucose levels. Data (A,C) are
expressed as mean ± SEM. Solid line (B, C) represents linear regression ± 95% CI, (n
= 4-8 mice, *p < 0.05, **p < 0.01).

Figure 3 – HFD-induced changes to EC cell nutrient sensing is regiondependent. (A) Differences in mRNA expression in isolated duodenal EC cells from
HFD-fed mice compared to LFD-fed controls (n = 7-11 mice). (B) 5-HT content in
isolated duodenal EC cells. (C) 5-HT secretion by isolated duodenal EC cells following
exposure to doses (mM) of glucose (Gluc), fructose, sucrose and alpha-methyl
glucosidase (α-MG), shown as a change from baseline secretion (n = 3-5 mice). (D)
Differences in mRNA expression in isolated colonic EC cells from HFD-fed mice
compared to LFD-fed controls (n = 8-10 mice). (E) 5-HT content in isolated colonic EC
cells. (F) 5-HT secretion by isolated colonic EC cells following exposure to doses (mM)

of glucose, fructose and α-MG, shown as a change from baseline secretion (n = 4-7
mice). All data are shown as mean ± SEM (*p < 0.05, **p < 0.01, ***p < 0.001).

Figure 4 – Effects of HFD on EC cell density are region-dependent. (A)
Immunofluorescently labelled 5-HT-positive EC cells in sections of duodenum and (B)
colon from low fat diet (LFD) and high fat diet (HFD)-fed mice and averaged cell counts
per tissue area (n = 5 mice, ** p < 0.01). Scale bar = 100 µm. (C) Fasting blood glucose
(FBG) and (D) plasma 5-HT from LFD and HFD-fed mice versus duodenum EC cell
density. (E) FBG and (F) plasma 5-HT from LFD and HFD-fed mice versus colon EC
cell density. Bar graph data shown as mean ± SEM. Solid line represents linear
regression ± 95% CI.

Supplementary Table 1 – Dietary composition of low and high fat diets (per kg).
Dietary Component

Low Fat Diet (LFD)

High Fat Diet (HFD)

Total Protein

19.2%

26.2%

Casein, 30 Mesh

200 g

200 g

L-Cystine

3g

3g

67.3%

26.3%

Corn Starch

506.2 g

0g

Maltodextrin 10

125 g

125 g

Sucrose

20 g

20 g

4.3%

34.9%

Soybean Oil

25 g

25 g

Lard

20 g

245 g

Total kcal/gm

3.85

5.24

Carbohydrate

Fat

Supplementary Figure 1 – Toluidine Blue staining of Mast Cells in HFD and LFD
mouse colon. (A) Toluidine Blue stained high fat diet (HFD)-fed mouse mucosa
showing an absence of mast cells and (B) one mast cell stained purple, shown with
arrow, in the submucosa. (C) Toluidine Blue stained low-fat diet (LFD)-fed mouse
showing no mast cells in the mucosa and (B) one mast cell stained purple, shown with
arrow, in the submucosa.

